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ABSTRACT

Environmental DNA is being increasingly used for research and regulatory purposes, but currently the lack of standardization is
holding it back. There are gaps in our understanding of the eDNA analysis pipeline and the potential impacts of areas of variabil-
ity within that. Standardization is necessary for all uses of eDNA to allow comparison between sample sets and ensure accuracy
and reproducibility. Understanding sample stability is particularly important for planning fieldwork and writing practicable
guidance for regulatory compliance monitoring. Samples collected for eDNA analysis are preserved as soon as possible for stabil-
ity, but practicalities of sampling in the field can lead to delays where the sample temperature may be uncontrolled. We collected
eDNA sediment samples along an organic enrichment impact gradient and incubated them at 10°C, 20°C, and 40°C for up to 48 h
prior to preservation, then sequenced the bacterial 16S gene. We show that bacteria families responded differently to the incu-
bation temperatures and times to an extent that affected ecological interpretation. Predictions of benthic health using a trained
random forest machine learning model were tolerant of incubation up to 20°C, and showed sensitivity to temperature within 3h
of incubation at 40°C. We show that the influence of temperature can depend on the study aim, taxa involved, and analysis used,
such that some situations may allow temporary storage up to 20°C but others will be affected by 10°C. We confirm that keeping
sediment temperature low is critical for many applications, and that potential temperature deviations must be reported.

1 | Introduction associated with anthropogenic pressures, including the effects
of expanding human population (Baird and Hajibabaei 2012;

Environmental DNA (eDNA) is DNA extracted from environ- Cordier et al. 2017; Dully, Rech, et al. 2021; He et al. 2021). The

mental samples (Taberlet et al. 2012) and is a promising new
tool for ecological monitoring purposes. There are many poten-
tial methods for eDNA analysis, including qPCR (Hamaguchi
et al. 2022) and ddPCR (Mauvisseau et al. 2019) for single-
species detection, and metabarcoding (Chariton et al. 2015) for
multiple species. eDNA-based approaches are being developed
and used for many research and policy areas such as endangered
species detection (Mauvisseau et al. 2020), invasive species de-
tection (Dejean et al. 2012; Gargan et al. 2022), and changes

benefits of eDNA versus traditional monitoring methods include
increased speed, lower costs, reduced need for taxonomic spe-
cialists, ability to find rare or cryptic species, and less invasive
sampling. One of the main issues with the use of eDNA for mon-
itoring is the lack of standardization (Zaiko et al. 2018; Cordier
et al. 2021), and while steps have been made there are still some
gaps which may have implications for ecological inference and
regulatory assessment (Bruce et al. 2021). Standardization re-
quires an understanding of sources of variability.
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Variability in any aspect of eDNA sample processing can po-
tentially influence results (Alberdi et al. 2018; Alexander
et al. 2023). The process of eDNA metabarcoding broadly con-
sists of sample collection, preservation, DNA extraction, library
preparation, and sequencing. One aspect that has not been thor-
oughly explored is the effect of a delay between sample collec-
tion and preservation on bacterial communities, particularly in
sediment samples, and the influence of temperature during such
delay. Studies of short-term changes in microbial assemblages in
environmental samples have focused on soil samples and found
the assemblages to be consistent over time even in the absence of
a particular preservation strategy (Tatangelo et al. 2014; Froslev
et al. 2022). Coolers are commonly used and when they can
maintain temperature, they are comparable to liquid nitrogen
storage for up to 24 h (Delavaux et al. 2020). Soil has a relatively
low water content, which affects microbial activity and may in-
fluence assemblage structure (Borowik and Wyszkowska 2016).
Fully dried soil samples can be preserved for years (Clark and
Hirsch 2008). In contrast, eDNA preservation/degradation water
sample studies have typically focused on single-species methods
looking at eukaryotic eDNA rather than bacterial community
(Harrison et al. 2019; Mauvisseau et al. 2022). Comparing eu-
karyotic eDNA persistence in both water and sediment finds it
persists far longer in sediment (Ogata et al. 2021). This is likely
a protective effect of organic material, which appears to protect
extracellular DNA from DNases (Cai et al. 2006). DNases are
enzymes produced by many dying cells, including bacteria, that
break down free DNA (Singh and Marshall 1966), and their
activity correlates with temperature up to the point of dena-
turation (Khwen et al. 2021). A study on carp eDNA found it
persisted longer in dystrophic (high nutrient, low oxygen) water
compared to both oligotrophic and eutrophic water, likely due to
the higher levels of dissolved organic carbon (DOC) in the for-
mer (Eichmiller et al. 2016). Marine sediments can have varied
redox potentials (Pereira et al. 2004), which can damage DNA
(Shadfar et al. 2023). Ancient eukaryotic eDNA up to 2 million
years old has been recovered from permafrost sediment samples
(Kjeer et al. 2022), suggesting that sediment is highly capable of
preserving DNA given the right conditions.

Bacterial assemblages can be useful in environmental moni-
toring in many types of environment (Aylagas et al. 2017; Glasl
et al. 2019; Martin et al. 2020; Pearman et al. 2022). Bacteria
are key to biogeochemical cycling (Harris 2012) and the assem-
blages change rapidly in response to environmental change.
In aquatic environments, bacteria are most prevalent in sedi-
ment (Harris 2012) and as such have been the focus of many
eDNA metabarcoding studies (Dully, Balliet, et al. 2021; Friihe
et al. 2021; Harrison et al. 2021; Pearman et al. 2022; Gonzalez
et al. 2023). The bacterial assemblage is therefore highly infor-
mative, but ecological interpretation of the assemblage may be
sensitive to anything that affects sequencing results. An essen-
tial step in metabarcoding is cell lysis, where cells are broken
open to release the DNA. Many environmental bacteria have
robust cell walls and require physical methods such as bead-
beating for lysis (Luna et al. 2006). The toughness of these cell
walls varies by taxa and is not entirely determined by peptido-
glycan thickness (Gram positive/negative) (Zhang et al. 2021).
The variation means preservation buffers can bias the bacterial
taxa recovered from eDNA samples (Gray et al. 2013; Iturbe-
Espinoza et al. 2021; Pavlovska et al. 2021). As a result, sediment

samples are often frozen (—20°C) for preservation as it is cost-
effective, accessible within the laboratory, and reduces the risk
of bias. Freezing is often not possible when sampling in the field
and therefore must wait for samples to return to the laboratory.
Uncontrolled temperatures during this delay may cause changes
in the bacterial assemblages.

Bacteria are affected by temperature in several ways. Bacteria
found in sediment samples may be alive and active, dormant
and able to reactivate, or dead but intact, and the specific frac-
tions depend on the ambient conditions (Luna et al. 2002). The
live and dormant bacteria may be affected by temperature, as
temperatures exceeding the tolerances of some bacteria may
kill them (Zobell and Conn 1940). Over time, temperatures
may also influence their dormancy state, metabolism, and
replication (Pomeroy and Wiebe 2001); thus biasing the DNA
recovered (Adams et al. 2010). Additionally, the exposure to
oxygen during sample collection may kill obligate anaerobes
(Imlay 2002), which proliferate in some forms of environmen-
tal impact. As bacteria die, they slowly lose different functions,
including maintenance of cell membrane integrity (Kramer and
Thielmann 2016), and potentially cell wall integrity. This loss of
integrity is likely to be taxon-specific, and post-sampling change
may have profound influences on the interpretation of eDNA-
based analysis.

Identifying taxa in metabarcoding data is complicated by these
data being compositional (Aitchison 1982; Gloor et al. 2017).
Compositional data are collected with a constraint, which
means all values are relative abundances. This creates issues
such as spurious positive correlations, sub-compositional in-
coherence of correlation, and negative correlation bias (Gloor
et al. 2017); without correction, compositional data cannot pro-
vide evidence of real (absolute) change in abundances of the
individual taxa on which it is based. There have been numer-
ous attempts to solve this by transforming or normalizing the
data based on Aitchison's original centre log-ratio transforma-
tion (Aitchison 1982), but we are not aware of any that are able
to deal with the structural zeros and extreme asymmetry that
are common along the gradients in some environmental mon-
itoring. Rank-based dissimilarity approaches (e.g., non-metric
multidimensional scaling (NMDS), based on Bray-Curtis dis-
similarity matrices) are useful as they maintain the relation-
ships between taxa, but they are affected by sample size and
particularly high abundances. Sequencing data from eDNA
samples typically have uneven read depths, despite normal-
ization prior to sequencing, falsely affecting diversity metrics.
Data can also be biased by unequal PCR amplification (Suzuki
and Giovannoni 1996). The validity of rarefying as a means
of correcting uneven sequencing depth is under debate, but it
is currently largely accepted and widely used (McMurdie and
Holmes 2014; Schloss 2024a, 2024b). ANCOMBC2 (updated
from ANCOM-II) (Kaul et al. 2017; Lin and Peddada 2024) is
one of the most consistent and reliable methods for differential
abundance analysis on compositional data (Nearing et al. 2022).

Aquaculture impact monitoring in Scotland is overseen by the
Scottish Environment Protection Agency (SEPA). Fin-fish aqua-
culture impacts the benthos via the accumulation of feces and
uneaten feed of finfish in cages, causing organic enrichment.
Organic inputs are rapidly consumed by bacteria, initially using
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oxygen. As the oxygen declines, bacteria move to alternatives,
including sulphates, which creates toxic hydrogen sulphide
(Harris 2012; Choi et al. 2018). Sulfur-oxidizing and sulfur-
reducing bacteria are found in aquaculture sites around the
world (Bissett et al. 2006; Aranda et al. 2015; Choi et al. 2018;
Friihe et al. 2021). In sufficient concentrations, hydrogen sul-
phide extirpates many benthic taxa in order of their sensitivity
to it (Pearson and Rosenberg 1978). Historically, macrobenthic
taxa have been used to assess the status of the benthos around
fin fish farms (Rosenberg et al. 2004). In the UK and Ireland,
macrobenthic tolerances and abundances are used to calculate
the Infaunal Quality Index (IQI) (Phillips et al. 2014). SEPA has
recently introduced eDNA-based methods into their compli-
ance assessment of benthic impact from Scottish finfish aqua-
culture sites (SEPA 2023; Wyness et al. 2026). SEPA's eDNA
approach uses the bacterial 16S rRNA gene, as it has the larg-
est signal-to-noise ratio for fish farm related metabarcoding
(Wilding et al. 2023). The SEPA standard operating procedure
requires that samples are frozen within four hours of collection
(SEPA 2023), which is challenging and potentially costly to im-
plement where sampling may take several days to complete in
remote locations.

This study examined changes in recovered bacterial DNA in
sediment samples incubated at different temperatures and du-
rations prior to preservation by freezing. Temperatures and
incubation times were chosen based on realistic hypothetical
sampling scenarios.

2 | Methods
2.1 | Sample Collection and Incubation

Salmon farming compliance assessment provides a suitable
case study to investigate potential causes of variability in
eDNA-based environmental monitoring (Wilding et al. 2023).
The upper incubation temperature chosen (40°C) was consid-
ered a plausible extreme for sampling in temperate areas, par-
ticularly during heat waves, and can clarify if these samples
may still be viable. The lower incubation temperatures (10°C
and 20°C) were intended to give a practical range up to the
extreme temperature without going down to refrigerator tem-
peratures (3°C-5°C).

Samples were collected at three stations (Cage Edge,
Intermediate, Reference) along an environmental impact gradi-
ent at a fish farm in Argyll and Bute, Scotland, in November
2022. Sampling occurred partway through a production cycle,
which does not align with typical monitoring sampling which
would be near the end of the production cycle, at peak biomass.

A 0.1m? van Veen benthic grab sampler was used to collect sed-
iment samples, and a sterile plastic spatula was used to place
surface sediment into a falcon tube. Three 50mL falcon tubes
were filled with sediment from one grab, and four grabs were
sampled at each station along the impact gradient, totaling 36
falcon tubes. The falcon tubes were placed into a cooler with
ice packs to control temperature until they could be subsampled
and incubated. Sample collection started at 09:00 (UTC) on the
boat, samples were taken to the laboratory at approximately

12:30, and subsampling began at 13:10. Incubation was in water
baths maintained at 10°C, 20°C, and 40°C, with subsampling at
0, 3, 6,12, 24, and 48 h. Each sample was removed from the cool
box, homogenized with a sterile plastic spatula, a subsample put
into a sterile 10mL falcon tube (time zero, unincubated), and
the original sample put into the incubation bath. Subsampling
was performed at a separate bench away from the water baths
to minimize contamination risk. Each sample's incubation pe-
riod began when the sample was put into the bath. Falcon tubes
were supported in the water baths by tube racks, and the water
level remained just below the tube lids. Subsequent subsampling
rounds were the same, but samples were removed from the in-
cubation bath, and the falcon tubes were dried with clean paper
towel before opening to homogenize. Subsamples were frozen
within 10min of removal (—20°C). The time zero subsampling
staggered the beginning of each incubation period, and each
subsequent round of subsampling was done in the same order,
which ensured consistency of the incubation period. Ice packs
in the cooler were still frozen at the end of the time zero subsam-
pling. The total time for subsampling was 2h, which meant the
final sample was in the cooler for 2h more than the first sam-
ple, but this is not considered a concern (Delavaux et al. 2020).
After subsampling, there were 216 samples: 24 replicates per
station/temperature combination, 4 replicates per time point
within that.

2.2 | Sequencing

DNA was extracted using the soil modular extraction protocol
Mu-DNA (Sellers et al. 2018), with 0.25g of sample sediment.
Library preparation followed the Illumina 16S metabarcoding
protocol, as in Wilding et al. (2023), using only Promega ProNex
for PCR clean-up. Amplicon PCR used 2.5 uL of elution and 9 uL
of water; due to some weaker extractions, some samples were
added to the PCR as 4 uL of elution and 7.5uL of water to com-
pensate for the lower concentration. Where required, some sam-
ples were also concentrated during PCR clean up.

Extraction and PCRs were run in batches, with a negative con-
trol (molecular grade water) added to each batch. Sequencing
was performed in two separate runs on an Illumina MiSeq using
V3 600 cycle chemistry. Sequences were demultiplexed and
uploaded to BaseSpace by the MiSeq, where they were down-
loaded from for further analysis. Negative controls were checked
throughout library preparation for detectable DNA indicating
contamination; none was detected at a meaningful level; there-
fore, no further action was taken.

2.3 | Bioinformatics and Data Analysis

Analysis was performed in R v4.4.1, and graphics were pro-
duced using ggplot2. Raw FASTQ files were denoised and
taxa allocated using the eDNA2IQI v2.4.8 pipeline with de-
fault parameters (Wyness et al. 2026), which uses cutadapt
(Martin 2011) for primer removal and DADA2 (Callahan
et al. 2016) for both denoising into amplicon sequence vari-
ants (ASVs) and taxonomic assignment with the SILVA 138
database (Quast et al. 2013; Yilmaz et al. 2014). The pipeline
produces a list of taxa at family level. eDNA2IQI was also used
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to predict IQI values, which were plotted to visualize changes.
eDNAZ2IQI is highly consistent in predictions, therefore pre-
dicted IQI values were used as a sense check for each sample,
and those that misaligned considerably with other samples
from the same grab were removed as outliers.

Data were rarefied to 5000 reads, as this is deemed appropriate for
benthic bacterial communities (Dully, Wilding, et al. 2021) and is
used by the eDNA2IQI package for predictions. Rarefaction was
used to check that 5000 reads were appropriate for alpha diversity
metrics for this dataset (Schloss 2024a), by rarefying to 5000 and
calculating metrics 100 times, then averaging and calculating the
coefficient of variation. A coefficient of 0.05 or below is typically
considered acceptable and will be used here. Reported results are
not averages from rarefaction; they are from rarefied data once the
read count has been deemed appropriate. The alpha diversity met-
rics used were Shannon's, complement Simpson's (hereafter re-
ferred to as Simpson’s), and richness. Vegan (Oksanen et al. 2024)
was used to rarefy, calculate diversity metrics (except richness,
which was just calculated with base R), and generate non-metric
multidimensional scaling (NMDS) ordinations using Bray-Curtis
dissimilarity matrices. The dissimilarity matrices were based on
rarefied and fourth-root transformed data as recommended by
Gloor et al. (2017) to manage the impact of taxa with particularly
high read counts. Alpha and beta diversity metrics were plotted to
enable visual comparison.

Variance partitioning was explored using non-parametric
multivariate  analysis of variance (PERMANOVA)
(Anderson 2001), through the adonis2 function from vegan.
The following model was used, where temperature was
treated as a factor

Model: Rarefied data ~ Station®™ Time* Temperature* Grab

Phyloseq (McMurdie and Holmes 2012) was used to create ag-
gregated taxa plots with detection and prevalence rates set to
maximize both taxa and readability, and for differential abun-
dance analysis. Aggregated taxa plots were used to identify
dominant taxa and visualize the trends in dominance across
stations and incubations. ANCOMBC2 was run with default
parameters, and rank=“Family” and fix_formula=“Station_
Time_Temperature”. Only the temperature log fold changes are
reported. The top twelve taxa identified by ANCOMBC2 were
overlaid on the NMDS plot to provide further context.

3 | Results

Samples were sequenced on two runs. The first run gener-
ated 5,429,943 reads with an average Q30 of 80.66%, which
left 3,627,442 ASVs after denoising. The second run generated
2,634,364 reads with an average Q30 of 84.64%, and 1,630,117
ASVs after denoising. Both runs were processed separately, and
the taxa lists and predicted IQI lists were combined. One sam-
ple failed to sequence successfully (Cage Edge, grab 2, 20°C,
6h). Samples were rarefied to 5000 reads for analysis, which re-
moved all negative controls and three samples (Cage Edge, grab
1, 10°C, 0h; Cage Edge, grab 4, 10°C, 24h; Intermediate, grab
1, 20°C, 6h). Five additional samples were removed as outliers
due to predictions that were extremely inconsistent with other
predictions from the same grab (Figure SI1) (Cage Edge, grab 3,

20°C, 12h; Cage Edge, grab 4, 20°C, 12h; Intermediate, grab
2, 10°C, 0h; Intermediate, grab 4, 40°C, 3h; Reference, grab 2,
20°C, 12h). This left 207 samples.

Alpha diversity metrics varied by station for T=0 (unincu-
bated) samples and were then affected by both time and tem-
perature to varying extents depending on the station (Figure 1).
Rarefaction (rarefying and averaging resultant metrics) to 5000
reads resulted in a maximum coefficient of variation of 0.029
for richness, 0.006 for Shannon, and 0.003 for Simpson's diver-
sities, indicating that variation between rarefied replicates was
sufficiently small (<0.05). In all stations, there was increased
variability and a decline in diversity at 40°C, which was espe-
cially evident in the Cage Edge samples (Figure 1). The decline
in all diversity metrics at 40°C begins as early as T=3, with a
non-linear rate of decline that varied across all the stations and
diversity metrics. At 10°C and 20°C, the Simpson and Shannon
metrics remained consistent over incubation periods regard-
less of station, with some variability at T=48, particularly in
Intermediate samples. Richness was less consistent at 10°C and
20°C within Intermediate and Reference samples, where there
was increased variability across the whole incubation period
(Figure 1).

There were clear differences in the family structure in each
station. Based on visual assessment of relative abundances,
some families were considered dominant. Cage Edge samples
had the fewest families shown on the plots (six, four of which
were dominant), compared to Intermediate and Reference sam-
ples, which had more families (nine) and much more even rel-
ative abundances. Sulfurovaceae was clearly dominant in Cage
Edge samples, Sval003 was dominant in most Reference sam-
ples but to a lesser extent than Cage Edge, and Intermediate
samples were much more even and lacked an overall domi-
nant taxon (Figure 2). Intermediate samples were generally
very similar to Reference samples, typically distinctive from
Reference samples by the higher relative abundances of both
Sulfurovaceae and Desulfocapsaceae. The established taxa
dominance changed in the 40°C incubation samples from 12h
onwards; Oceanospirillaceae dominated Cage Edge samples
and Rhodobacteraceae and Vibrionaceae became predominant
in Reference samples, while Intermediate samples had a com-
bined response with all three increasing (Figure 2).

ANCOMBC?2 identified 58 taxa as differentially abundant
across temperature, and the top 12 by largest log-fold change
(modeled log difference in bias-corrected absolute abundances,
Table 1) were included in the NMDS plot and are discussed in
the text (see Table S1 for full list). This included Vibrionaceae
and Oceanospirillaceae, but not Rhodoboacteraceae despite it
standing out in the family plot (Figure 2). Oceanospirillaceae
exhibited the highest log-fold change, which concurs with the
dramatic increase seen in the taxa plot (Figure 2). Of the 17
taxa identified by ANCOMBC?2, nine had log-fold changes
that increased in higher temperatures, and the remaining
eight taxa reduced with higher temperatures with smaller
log-fold change values (Table 1), indicating smaller changes
in absolute values when taxa decline with higher tempera-
tures. The largest reduction was seen in Chitinvibrionaceae.
Two of the top 12 taxa exhibited larger changes at 20°C than
at 40°C (Exiguobacteraceae and Thermotalaceae), whilst the
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FIGURE1 |

Diversity metrics Shannon, Simpson's, and richness of family-level 16S taxa from sediment incubated at different temperatures prior

to preservation. CE, cage edge; INT, intermediate; REF, reference. Data were rarefied to 5000 reads, metrics calculated and then averaged across the
grabs at each combination of station, time, and temperature. Standard deviation is shown as error bars.

remaining 10 displayed larger responses at the higher tem-
perature. The observed changes did not occur at the same
rates (e.g., log-fold changes of 0.25 to 3.41 for Vibrionaceae,
and 0.61 to 1.79 for Lachnospirales) (Table 1).

Assemblage structure was visualized using a non-metric mul-
tidimensional scaling (NMDS) plot (Figure 3). The stations
clustered into two main groups, Cage Edge on the left (nega-
tive NMDS1) and Intermediate/Reference on the right (positive
NMDS1). The Intermediate and Reference stations were dis-
tinguishable groups, but they were very close to each other on
the plot (Figure S2). The station distinction is separated along
NMDS axis one, which is the axis with the main differences
on it (Figure 3). Axis two of the NMDS shows separation over
time, which is influenced by temperature. There was a clear
drift along axis two in the 40°C samples, with increasing dis-
tance from the T=0 (unincubated) hours samples with longer
incubation times, particularly from 12h onwards. Very few
20°C samples were affected this way, and no 10°C samples fol-
low the axis two drift. The positions of the identified taxa on
the NMDS plot agreed with their positive or negative associa-
tion with increased temperatures (Figure 3), as they split into
two groups on axis two. However, their position within those
groups does not correlate to the magnitude of the log fold
change produced by ANCOMCB2; for example, Vibrionaceae is
closer to the unimpacted cluster than Lachnospirales (Figure 3,
Table 1). Oceanospirillaceae and Sedimentibacteraceae ap-
pear to associate with high temperatures in Cage Edge sam-
ples, while PTissierellales, Lachnospirales, Vibrionaceae,
Alteromonadaceae, and Bacillaceae were associated with high
temperatures in Intermediate and Reference samples (Figure 3).

The NMDS highlighted the importance of station through the
clear separation of samples by station, and the PERMANOVA
reinforced the importance of it as it contributed the majority
(58%) of the variance (R?>=0.58, Table 2). Grab alone contributed
more variance (5.4%) than either time (3.2%) or temperature
(5.1%), but when including interactions with other terms, Grab
only contributed 10.5% compared to time (13.9%) and tempera-
ture (16.5%, Table 2). The interaction between time and tem-
perature, which contributed 4.8% of the variance, is of particular
interest (Table 2). The residual variance (13.6%) includes within-
Grab variance and variability from the sequencing process, and
shows that this is less than the effect of time and temperature,
and that including Grab in the residual would make the effect of
all biological and laboratory noise larger than the effect of incu-
bation (Table 2).

The IQI predictions generated by the eDNA2IQI pipeline for
low-IQI samples (Cage Edge) were changed by incubation, but
not for high-IQI samples (Intermediate, Reference) (Figure 4).
Predicted values from Cage Edge samples incubated at 40°C
increased from as early as three hours and continued to trend
upwards with increasing incubation time (Figure 4). Grab vari-
ability changed across all explanatory variables; grabs were
generally most consistent in Reference samples. The Reference
samples did exhibit a point of increased variability between
grabs that appeared to occur sooner at higher temperatures—
the 10°C samples were most variable at T=48, the 20°C sam-
ples most variable at T=24, and the 40°C samples were most
variable at T=12 (Figure 4). There was a notable spike in the
predicted IQI of the Reference grab two samples that was seen in
both 10°C and 20°C 3-h incubations, but not the 40°C.
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FIGURE 2 | Family level plots of 16S taxa aggregated using 0.06 detection and 0.05 prevalence rates, averaged into groups of temperature (in de-
grees Celsius) and time (in hours) combinations for sediment incubation. CE, cage edge; INT, intermediate; REF, reference. The plot is aggregated
and cropped to emphasize the most prevalent families. The first number in the sample names is the temperature; the second is the subsampling time

point.

4 | Discussion

The incorporation of eDNA-based monitoring into research and
policy benefits the environment through reduced sampling pres-
sure, and researchers and stakeholders through the faster and
cheaper analysis pipeline (Aylagas et al. 2018). It also highlights
previously noted issues regarding variability within eDNA pro-
cesses (Zaiko et al. 2018; Shea et al. 2023). Regulation requires
protocols that result in consistent, transparent, and repeatable
decision making. This study has investigated the effect of dif-
fering conditions prior to sediment sample preservation, spe-
cifically the effects of temperature over time. These findings
contribute both to the specific use for eDNA in aquaculture
monitoring by SEPA and to the broader eDNA community's
understanding of causes of inter-sample eDNA variability and
sample robustness.

The alpha diversity metrics we used (Simpson, Shannon,
and richness) show that samples from different stations were

impacted differently by incubation, but samples from all sta-
tions respond to some extent after as little as three hours at
40°C. The diversity patterns across all three metrics and sta-
tions at 40°C were broadly similar, all indicating that at 40°C
both some rare taxa were lost, either completely or just reduced
beyond detection, and there was an increase in dominance by
some taxa (Nagendra 2002). The extent of the changes in taxa
and the time points for largest impact varied by station. Loss of
rare taxa could be the result of a general consistent loss of DNA
from all taxa, leading to lower Shannon's diversity. Extracellular
DNA and DNA in fragile cells (eukaryote) eDNA has been
shown to degrade more rapidly in warmer water, with higher
degradation rates found at lower temperatures than changes ob-
served here (e.g., 15°C, (Eichmiller et al. 2016; Andruszkiewicz
Allan et al. 2021)). Those studies were looking at changes in
DNA concentration and the results here do not fully clarify
if there is an overall loss of DNA over the incubation periods.
The lower Shannon diversity suggests loss at higher tempera-
tures here than in the eukaryote studies (Eichmiller et al. 2016;
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TABLE1 | ANCOMBC?2 identified bacteria, with full taxonomy from phylum onwards, and log fold changes (LFC) at 20°C and 40°C compared

to 10°C.
LFC LFC
Name in text Phylum Class Order Family 20 40
Oceanospirillaceae Proteobacteria Gammaproteobacteria Pseudomonadales Oceanospirillaceae 0.79 -
Thermotaleaceae Firmicutes Clostridia Peptostreptococcales Thermotaleaceae 3.5
Tissierellales
Vibrionaceae Proteobacteria Gammaproteobacteria Enterobacterales Vibrionaceae 0.25 3.41
Bacillaceae Firmicutes Bacilli Bacillales Bacillaceae 0.45 2.74
Exiguobacteraceae Firmicutes Bacilli Exiguobacterales Exiguobacteraceae 2.53 1.78
Alteromonadaceae Proteobacteria Gammaproteobacteria Enterobacterales Alteromonadaceae 1.26 1.87
Sedimentibacteraceae Firmicutes Clostridia Peptostreptococcales Sedimentibacteraceae  0.35 1.87
Tissierellales
Lachnospirales Firmicutes Clostridia Lachnospirales Unknown 0.61 1.79
Chitinivibrionaceae Fibrobacterota Chitinivibrionia Chitinivibrionales Chitinivibrionaceae --
P.Tissierellales Firmicutes Clostridia Peptostreptococcales Unknown 0.21 1.44
Tissierellales
BD78 Proteobacteria Gammaproteobacteria BD78 Unknown
C.Falkowiibacteria Patescibacteria ABY1 Candidatus Unknown
Falkowiibacteria
Note: Red to green gradient scheme background indicates lower to higher LFC (red is reduced, green increased).
151 Oceanospirillaceae
Sedimentibacteraceae
L\
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FIGURE 3 | Non-metric multidimensional scaling plot showing distortion of 16S communities created by incubation of sediment at 10°C, 20°C,
and 40°C. The NMSD stress is 0.062. Cage Edge is a distinct cluster on the left of the plot, and the Intermediate and Reference stations are closer to

each other on the right. A separate plot colored by station (Figure S2) demonstrated that the incubation did not lead to mixing of stations. See Table 1

for full taxonomies.
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TABLE 2 | PERMANOVA results showing variance partitioning between variables involved in incubation of sediment and 16S families.

Df SumOfSqs R? F Pr(>F)
Station 2 14.87039 0.584136 294.6605 0.001
Time 1 0.808333 0.031753 32.03463 0.001
Temperature 2 1.310377 0.051474 25.96545 0.001
Grab 9 1.369487 0.053796 6.030382 0.001
Station:Time 2 0.296864 0.011661 5.882432 0.001
Station:Temperature 4 0.406496 0.015968 4.027411 0.002
Time:Temperature 2 1.223889 0.048077 24.25167 0.001
Time:Grab 9 0.354197 0.013913 1.559665 0.055
Temperature:Grab 18 0.493265 0.019376 1.086018 0.303
Station:Time:Temperature 4 0.398300 0.015646 3.946205 0.001
Time:Temperature:Grab 18 0.468558 0.018406 1.031621 0.417
Residual 137 3.456935 0.135795
Total 208 25.45709 1
CE INT REF
0.7 1 ,\A —=
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FIGURE 4 | IQI values for each Grab take at each sampling station, predicted using a trained random forest algorithm. CE is Cage Edge, INT is
Intermediate, REF is Reference, and the incubation temperatures were 10°C, 20°C, and 40°C.
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Andruszkiewicz Allan et al. 2021). As it took higher tem-
peratures to create an observable effect in this study, it is un-
likely many fragile cells or extracellular DNA were involved
as they would have been impacted at the lower temperatures.
Additionally, organic matter is able to protect extracellular DNA
(Cai et al. 2006). The samples with the highest organic matter
content were the Cage Edge samples, which exhibited the largest
change with high temperatures, suggesting organic matter did
not have an observable protective effect here. This may instead
be related to redox potential, as that is higher at Cage Edge sites
where there are likely to be many types of damaging reactive
species (Pereira et al. 2004; Shadfar et al. 2023). Any effect from
oxygen impacting obligate anaerobes should increase with time
and be consistent across all temperatures, but none is observed
here, indicating oxygen has not had a notable impact.

Changes in dominance, indicated by the changes in Simpson's
diversity, suggest there were unequal impacts on taxa. The
major changes seem to correlate with the large relative in-
creases in Oceanospirillaceae and Vibrionaceae. Temperature
influences microbial activity, which would affect their abun-
dances as well as impacting degradation (Robador et al. 2009;
Adams et al. 2010). As the samples were taken from Scotland,
where the annual average water temperature is 11.5°C (Wyness
et al. 2026), it is likely that many of the bacteria involved are
adapted to cooler temperatures, and as such the temperatures
chosen may exceed their tolerances (Zobell and Conn 1940). In
a study of arctic (consistently cold) vs. temperate (very seasonal)
marine bacteria, sulphate-reducers in temperate regions were
more tolerant of higher temperatures, but all activity by arctic
bacteria declined by 40°C (Robador et al. 2009). The stability
at 20°C and rapid changes at 40°C reported here are similar to
the soil storage results seen in Froslev et al. (2022) and Lauber
et al. (2010). Stability at low temperatures has also previously
been evidenced (Delavaux et al. 2020). Based on our findings
and other studies it appears that short-term storage at 20°C may
be appropriate for sediment samples taken in temperate regions.

There were identifiable changes in assemblage structure that
were influenced over time depending on temperature. Despite
the observed changes in assemblages, samples could still be
identified to their source site on the NMDS plot, indicating that
the changes did not completely distort the samples. The bac-
terial communities change across the environmental impact
gradient, with taxa adapted to hypoxic/anoxic conditions domi-
nating stations that are experiencing high organic input (Bissett
et al. 2006; Choi et al. 2018; Hornick and Buschmann 2018;
Rubio-Portillo et al. 2019). It is therefore more likely that the
station-dependent resilience is a result of different taxa across
the gradient surviving, crashing populations, or even thriving
in the high temperatures.

The following inferences are made at the family/order level, and
therefore generalize across many species, and are included only
to provide some general context. Oceanospirillaceae had the
largest log-fold change and appears to contribute to substantial
changes, particularly in Cage Edge and Intermediate samples.
Oceanospirillaceaee has been associated with spring and sum-
mer blooms in the Arctic (Francis et al. 2021; Thiele et al. 2023),
suggesting a capacity for opportunistic behavior and adaptation
to higher temperatures, and a potential use in climate change

monitoring. This may contribute to an explanation for the large
changes at 40°C, if opportunistic taxa were able to take over
from others. Bacillaceae is considered one of the most robust
bacterial families (Mandic-Mulec et al. 2015), with most mem-
bers being resistant to heat. Vibrionaceae are less resilient as a
family, but they have relevance to fish farms as pathogenic mem-
bers can cause issues (Soto 2022). Exiguobacteraceae appears to
be very versatile and contains many extremophiles (Kasana and
Pandey 2018; Shen et al. 2024). Alteromonadaceae also contains
diverse marine bacteria, often with high optimal growth tem-
peratures which aligns with these findings, however they also
typically associated with nutrient-rich environments and this
study found them associating with the poorer Intermediate/
Reference sites (Lopez-Pérez and Rodriguez-Valera 2014).
Thermotaleaceae includes an anaerobic, thermophilic bacte-
rium with an optimal growth temperature of 50°C (Ogg and
Patel 2009; Chuvochina et al. 2023). Currently Lachnospirales,
P.Tisseriallales, and Sedimentibacteraceae have very little in-
formation available, but this work suggests they are tolerant of
heat. There is also little information available about the taxa that
exhibited negative log-fold changes, however it is worth noting
that Chitinivibrionaceae are a small family of highly salt- and
alkaline-tolerant bacteria, making them a suspicious finding in
these samples (Sorokin et al. 2020).

These samples were collected outside of the normal monitoring pe-
riod, potentially impacting the expected range of IQI predictions.
The IQI predictions were affected by incubation but not distorted
beyond the point of recognizable stations. The effect on IQI predic-
tions clearly indicates that taxa the random forest has identified as
important in low-IQI samples have been affected, but those from
high-IQI samples were not. The higher IQI predictions from Cage
Edge (low-IQI) samples that were incubated at 40°C suggest care
must be taken regarding compliance assessment samples. The fact
that the increase in Cage Edge sample IQI predictions occurred
within the first three hours and at 40°C means that any time sam-
ples spend above 20°C has the possibility to affect results. There
was also some variance noted in the responses of different grabs,
which remained lower than the increase created by 40°C incuba-
tion. Additionally, the variance partitioning showed that grab con-
tributed to the variance less than the incubation itself. There was
also the IQI spike in grab two that appeared to respond to incuba-
tion below 40°C, a within-grab effect. Therefore, while grabs are a
source of noise and efforts to combine them may reduce noise, they
contribute less than a delay does, and combining them should not
be prioritized over expedient preservation.

A consideration for this study is that samples were only taken
from one fish farm, so whilst other Scottish salmon aquacul-
ture sites are likely to respond in the same way this cannot be
guaranteed. The IQI prediction tool is effective, and its training
dataset is collated from aquaculture sites around Scotland, sup-
porting the consistency of the bacteria and therefore the poten-
tial applicability of this study to broader Scottish aquaculture
monitoring. Further, as already stated there are consistencies in
the types of bacteria observed across fish farm gradients glob-
ally, supporting the applicability of this work to aquaculture be-
yond Scotland, though there may be variance in the temperature
ranges. This work also highlights the fact that bacteria along a
gradient may respond to conditions differently, a key consider-
ation for sampling strategy for any comparative bacterial study.
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Finally, this study specifically invites further exploration of the
20°C-40°C range to narrow down the point at which samples
are affected for cooler temperate climates.

While eDNA is an increasingly popular tool for biomonitoring, it
is arelatively new field of study that is still developing standardiza-
tion. Sediment has been overlooked in studies of the effects of sam-
ple treatment on eDNA. As sediment is already being used in fin
fish farm monitoring in Scotland, this provided an ideal case study.
We observed that temperatures up to 20°C for up to 48h had very
little impact on eDNA2IQI predicted IQI, but that 40°C had a no-
ticeable effect. This effect varied by taxa, though the station could
still be determined. Even 10°C incubation can have some impacts
depending on the taxa involved, so samples should be handled
with caution, depending on the nature of the study. IQI predictions
required for Scottish fin fish farm monitoring were noticeably im-
pacted by the 40°C incubation, increasing in Cage Edge samples
in under 3h. Our results do not clarify at what temperature above
20°C this change occurs; therefore, the recommendation is that
samples for fish farm compliance assessment should not be stored
over 20°C. Sample preservation is therefore an important consid-
eration that is impacted by the study design, even for short periods,
and sample collection plans must account for this.
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